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Abstract—In the past two decades, significant advances have
been made in single-molecule detection which enables the direct
observation of single biomolecules at work in real time and under
physiological conditions. In particular, the development of single-
molecule tracking (SMT) microscopy allows us to monitor the mo-
tion paths of individual biomolecules in living systems, unveiling the
localization dynamics, and transport modalities of the biomolecules
that support the development of life. Beyond the capabilities of tra-
ditional camera-based tracking techniques, state-of-the-art SMT
microscopies developed in recent years can record fluorescence
lifetime while tracking a single molecule in the 3D space. This mul-
tiparameter detection capability can open the door to a wide range
of investigations at the cellular or tissue level, including identifi-
cation of molecular interaction hotspots and characterization of
association/dissociation kinetics between molecules. In this review,
we discuss various SMT techniques developed to date, with an
emphasis on our recent development of the next generation 3D
tracking system that not only achieves ultrahigh spatiotemporal
resolution but also provides sufficient working depth suitable for
live animal imaging. We also discuss the challenges that current
SMT techniques are facing and the potential strategies to tackle
those challenges.

Index Terms—Single-molecule tracking, fluorescence imag-
ing, fluorescence lifetime, FRET, TCSPC, TIRF, light-sheet
microscopy, HILO, PSF engineering, maximum likelihood
estimation.

I. INTRODUCTION

S INGLE-molecule detection has revolutionized the way we
study biological systems. It allows us to see stochastic

processes or minor reaction pathways that would otherwise be
masked in ensemble measurements [1]. The direct observation
of individual biomolecules has shed light on the most funda-
mental molecular processes, including enzymatic turnovers [2],
[3], gene regulation [4]–[7], translation [8]–[10], mRNA dy-
namics [11]–[13], protein folding [14], [15], ligand-receptor
interaction [16], [17], and virus infection [18], [19]. In particu-
lar, single-molecule detection results have successfully unveiled
intermediates during protein folding [20] and subpopulations of
molecules in a mixture [21], which could not be observed by
conventional ensemble measurement techniques.

The key to single-molecule detection lies in an extremely
small detection volume. This is due to the fact that the signal-to-
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background ratio (SBR) is significantly improved when the de-
tection volume is less than one femtoliter [1]. Two original tech-
niques that provide small detection volumes for single-molecule
detection are confocal and total-internal-reflection microscopy
(TIRM). Having an effective detection volume about 0.2 femto-
liter [22], confocal microscopy detects one molecule at a time as
the molecule is flowing through or diffusing in-and-out of the de-
tection volume in an aqueous solution, generating burst signals
in the single-photon-counting devices. Such photon bursts can
be analyzed for their intensity [23], spectrum [24], anisotropy
[25], and fluorescence lifetime [26], thereby providing informa-
tion on molecular size, conformation, and stoichiometry. How-
ever, as the average time for a diffusive molecule to traverse the
detection volume of a confocal system is on the order of 1 ms,
the resulting short burst signals cannot describe any underlying
slow dynamic processes. Besides, the data throughput is low
(one molecule at a time). On the other hand, TIRM offers a
higher data throughput by employing a wide-field illumination
scheme (thus hundreds of single molecules at the focal plane can
be imaged at the same time). But due to the shallow penetration
depth of evanescent wave field (∼150 nm), single molecules
have to be tethered to the surface for observation. Although the
observation time of single molecules can be as long as minutes
(only limited by photobleaching [27], [28]), immobilization is
not a physiologically relevant condition. Perturbation caused
by surface interaction can lead to artifacts in single-molecule
measurements [15], [29]. TIRM is particularly useful for the
cell-free, in vitro observation of single-molecule behaviors on
surface. For instance, conformation change of enzymes [30]
and Holiday junction structure dynamics [31] have been well
characterized by TIRM at the single-molecule level.

Unlike the traditional single-molecule detection methods
described above, single-molecule tracking (SMT), or single-
particle tracking (SPT) techniques, allows researchers to follow
the molecules of interest and record their motion paths. The 1st
generation SMT methods are simply based on TIRM, with the
additional capability to perform frame-by-frame video analysis.
Single-molecule trajectories are plotted through the identifica-
tion of the same single molecules in each frame and the calcula-
tion of displacements of these molecules in consecutive frames.
While this frame-by-frame analysis can certainly reveal the 2D
motion patterns of single molecules within the evanescent wave
field [32]–[35], the 1st generation tracking methods can only
investigate in vitro processes [36] or cellular processes on the
membrane [37]. Besides, whenever the frame-by-frame analysis
is used for trajectory analysis, the temporal resolution is defined
by the camera’s frame rate.
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To be able to track hundreds of single molecules at a time
in mammalian cells, a thin optical sectioning plane that can
go tens of microns into specimens is required. Two methods
to generate a thin optical sectioning plane are pseudo TIRM
(HILO) [38] and light sheet microscopy [39], which we collec-
tively term the 2nd generation SMT methods. Whereas the 2nd
generation methods enable the investigation of single-molecule
trajectories inside mammalian cells, they are still 2D tracking
techniques. In other words, the 2nd generation methods require
a time-consuming z-scan to observe molecular motion in the
third dimension inside a mammalian cell [40].

To track single molecules directly in the 3D space without any
optical scanning, the 3rd generation tracking methods have been
proposed that can encode the z-position of the single molecules
in their 2D images. The most straightforward way to do this is to
create multiple imaging planes (using multiple cameras) and es-
timate the z-position based on the out-of-focus spot size at each
imaging plane [41], [42]. Alternatively, the z-position can be
encoded as the shape of the out-of-focus spot by taking advan-
tage of astigmatism, where only one camera is needed [43]. The
most notable effort in the development of 3rd generation track-
ing methods is the point-spread-function engineering, in which
the single emitter no longer appears as a single round spot at
the imaging plane. For instance, a single emitter can appear as
two spots in the double-helix point-spread-function microscopy,
in which the z-position of the emitter is derived from the ori-
entation and the separation distance of the two resulting PSF
spots [44].

From the 1st to the 3rd generation methods, the detection
volume is either fixed or is passively scanned. If the molecules of
interest diffuse far away from the detection volume, they are lost
and their recorded trajectories terminate. In the 4th generation
tracking methods, microscopes were designed to actively track
a single emitter [45]. In fact Howard C. Berg first described a
feedback-control system to track the motion of single bacteria
in solution in 1971 [46]. The key idea behind feedback tracking
is to employ an actuation mechanism that can keep the diffusing
singe molecule in the center of the focused beam. This can
be done by either constantly bringing the diffusing molecule
back to the center of the focused laser beam (i.e. via moving
the whole sample using a xyz piezo stage) or steering the laser
beam to lock on the diffusing molecule. Trajectories of the
tracked particles are thus plotted based on the motion history of
the piezo stage or the galvo mirrors [45]. At first glance the 4th
generation feedback tracking methods share similarities with
the particle trapping methods (e.g. optical tweezers [47] and
electrophoretic trap [48], [49]) in that they both try to keep the
molecule of interest in the center of laser focus for long-term
observation. But practically they are different techniques: in the
4th generation tracking methods the molecule of interest is free
to diffuse in the 3D space, while in particle trapping methods the
molecule is captured and spatially confined. As a result, optical
traps cannot be used to monitor the native movements of single
biomolecules inside live cells. In this review we call the 1st,
2nd and 3rd generation tracking microscopes the non-feedback
SMT systems. We call the 4th generation tracking microscopes
and later development the feedback SMT systems.

Although the non-feedback SMT microscopy shares similar-
ities with single-molecule-based super-resolution microscopy
[50] (PALM [51], STORM [52] and their variants [53], [54])
in design concepts and instrumentation, the non-feedback sys-
tems need additional efforts to establish correspondence be-
tween molecular images in consecutive frames [55]. Establish-
ing unambiguous molecular correspondence is not straightfor-
ward and can be complicated by a number of factors (e.g. high
molecular density and disappearance of molecules over time).
Recently Saxton and others initiated the first community exper-
iment comparing the performance of analysis methods for SPT
data [56]. Whereas no single method performed best across
all scenarios, the results revealed clear differences between the
various approaches of which users of these tracking analysis
methods should be aware [56]–[59].

One of the key differences between the non-feedback and the
feedback tracking systems lies in that the feedback systems can
be built based on single-pixel, single-photon-counting detec-
tors, for instance APD (avalanche photodiode) and PMT (pho-
tomultiplier tubes), rather than cameras [60]–[62]. The use of
single-pixel detectors for SMT not only drastically improves the
temporal resolution but also allows additional information, for
instance fluorescence lifetime, to be simultaneously acquired
while tracking a particle [62], [63]. Although the capability
to perform time-correlated single-photon counting (TCSPC)
analysis while tracking the molecules can provide information
beyond the motion paths of the tracked molecules, the data
throughput of the feedback systems is low as only one molecule
is actively tracked at a time.

While the 4th generation SMT systems are becoming a pow-
erful research tool, all current methods suffered from one or
more of the following problems: (1) difficult optical alignment
due to the use of 4-5 single-pixel detectors [60], [61], (2) limited
penetration depth due to the use of one-photon excitation [64],
and (3) poor temporal resolution due to the use of camera [45]
or laser scanning [65]. We recently developed a 5th generation
SMT technique that solved the above issues associated with
the 4th generation systems. Our method is called TSUNAMI –
Tracking of Single particles Using Nonlinear And Multiplexed
Illumination [62], which enables deep (up to 200 μm) and
high-resolution 3D tracking of individual receptor complexes
in a highly scattering multicellular environment. We believe
TSUNAMI holds great promises for yielding new discoveries
of molecular dynamics (e.g. receptor transport) in 3D tissues.
A summary and comparison of the five generations of SMT
systems is listed in Table I.

II. NON-FEEDBACK SMT

As mentioned in the Introduction, the key to successful
single-molecule detection lies in a sufficient SBR. Here back-
ground refers to out-of-focus fluorescence, fluorescent impuri-
ties, Rayleigh scattering (elastic scattering) and Raman scatter-
ing (inelastic scattering) [1]. An effective way to suppress the
background is to use TIRM (the 1st generation SMT systems),
where the decay length of evanescent wave generated by total
internal reflection is about 150 nm. In other words, only the
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TABLE I
OVERVIEW OF SMT TECHNIQUES

Generation Design Feature References

1st TIRM and image-based
tracking, non-feedback

2D, only can track single
molecules on cellular
membranes or in in-vitro
systems

[30], [31],
[34],

[66]–[68]

2nd LSM and image-based
tracking, non-feedback

Can track single molecules in
mammalian cells, but requires
a time-consuming z-scan to
build 3D trajectories

[4], [39],
[69]–[76]

3rd 3D, z-position encoded in
the 2D image,
non-feedback

Enable z-position
characterization within the
imaging depth of objective
(∼ ±1 μm )

[77]–[82]

4th Feedback-control 3D
tracking microscopy

Enable high-resolution 3D
tracking and a large
z-tracking range. Can
measure fluorescence
lifetime. Multiple detectors
often required.

[60], [61],
[64],

[83]–[92]

5th Feedback-control,
multicolor and deep 3D
tracking microscopy

Use one detector. Image
depth up to 200 μm . Easy
for multicolor detection.

[62], [93],
[94]

Fig. 1. Generation of thin illumination field (a) Highly inclined thin illumi-
nation optical sheet (HILO) microscopy. The incident beam is highly inclined
and laminated as a thin light sheet in the specimen. TIR: total-internal-reflection
fluorescence microscopy; Epi: epifluorescence. Reprinted by permission from
Macmillan Publishers Ltd: Nature Methods [38], copyright 2008. (b) Bessel-
beam and lattice light-sheeting microscopy. Left column: the intensity pattern at
the rear pupil plane of the excitation objective. Right column: the cross-sectional
intensity of the pattern in the xy plane at the focus of the excitation objective.
From [102]. Reprinted with permission from AAAS. (c) Reflected light sheet
microscopy (RLSM). A disposable mirror reflects the light sheet into a horizon-
tal plane close to the sample surface. Because of the shape of the light sheet, a
small gap between the surface and light sheet cannot be illuminated. Reprinted
by permission from Macmillan Publishers Ltd: Nature Methods [106], copyright
2013.

molecules within this decay length can be illuminated and im-
aged. Microscopes equipped with high-N.A. (� 1.4) objectives
are the most commonly adopted TIRM configuration which al-
lows for easy switching between the TIRM and the standard
epi-fluorescence imaging mode (Fig. 1(a) left). Whereas the
shallow illumination depth of TIRM reduces background sig-
nals and also minimizes premature photobleaching, TIRM is not
suitable for tracking molecules inside mammalian cells. There-
fore, researchers mainly used TIRM for tracking molecules on

cell membranes [16], [68], [95]–[97] or inside bacteria [98]. To
bring intracellular molecules (e.g., spliceosome in mammalian
nucleus) into the evanescent field of TIRM, whole cell extract
has been used [99]–[101].

To accommodate SMT inside mammalian cells, highly in-
clined thin illumination optical sheet (HILO) microscopy [38]
and advanced light-sheet microscopy (LSM) [76], [102] were
developed (the 2nd generation SMT systems). In HILO mi-
croscopy (Fig. 1(a)), the lateral position of the incident laser
beam is somewhere in between the TIRM mode and the epi-
fluorescence mode, allowing an inclined and laminated light
sheet to penetrate into specimen [38]. The incident angle (φ) of
the laser beam needs to be carefully adjusted in order to com-
pensate the spherical aberration caused by the refractive index
mismatch between the specimen and the coverslip [103], [104].
Besides, the reduction of the light-sheet thickness is accom-
panied by the decrease of the illumination area (dz = R/tan θ,
Fig. 1(a) right panel). Moreover, HILO also suffers from fringing
and shading artifacts [105]. Although out-of-focus fluorescence
excitation due to the inclined nature of the illumination laser
beam reduces SBR in detection [106], HILO microscopy has
been used to track the active cargo transport along microtubules
[72] and study surface dynamics of embryo with 200 nm-thick
eggshell [74].

Other than HILO microscopy, advanced LSM provides an
optical sectioning plane thin enough for SMT. The light sheet
can be generated either by focusing the excitation laser one-
dimensionally using a cylindrical lens [71], [75], [107]–[110],
or by scanning a long Gaussian beam across a plane [69], [111]–
[113]. In both schemes, there is a fundamental trade-off between
the length and thickness of the light sheet due to the diffraction:
the depth of focus (2z0) of Gaussian beam (which decides the
length of the light sheet) is directly proportional to the square
of beam waist radius (W0), 2z0 = 2πW 2

0 /λexc [114], which
decides the thickness of the light sheet.

To overcome this trade-off, Betzig’s group turned to the
Bessel-beam illumination and built Bessel-beam light sheet mi-
croscopy (Bessel LSM) [39], [76]. An ideal Bessel beam is
diffraction free; it propagates indefinitely without change in
cross-sectional intensity profile. In the implementation, a Bessel
beam (actually a Bessel-Gaussian beam) is created by projecting
an annular illumination pattern at the rear pupil of the excitation
objective (Fig. 1(b)). The key advantage of the Bessel beam lies
in that the thickness of the generated light sheet can be decou-
pled from the length of the light sheet. Consequently, the Bessel
LSM provides a field of view as large as 50 μm× 50 μm with the
illumination plane thickness as small as 500 nm, as compared
to the 2–10 μm sheet thickness in the traditional Gaussian LSM
[39]. Unfortunately, substantial energy of a Bessel beam resides
in side lobes that surround the center peak, which excites the
out-of-focus molecules and deteriorates the axial resolution.

A promising platform that eliminates the side-lobe issue and
offers further gains in SBR is the lattice light sheet microscopy
(lattice LSM) [102]. Optical lattice are periodic interference
patterns (Fig. 1(b)) created by the coherent superposition of
a finite number of plane waves. Like an ideal Bessel beam, an
ideal 2D optical lattice is non-diffracting. In the implementation,



LIU et al.: SINGLE-MOLECULE TRACKING AND ITS APPLICATION IN BIOMOLECULAR BINDING DETECTION 6804013

the 2D lattice is generated by a spatial light modulator that’s
conjugated to the back focal plane of the objective. The high-
speed dithering of the lattice enabled by galvo mirrors creates
a uniform light sheet. Without any side-lobe excitation, lattice
LSM delivers a much lower peak intensity to the specimen
than the conventional Gaussian/Bessel LSM (although total light
dose delivered is similar), which is critical for cell health during
the imaging [115]. The resolution of lattice LSM is comparable
to that of a confocal microscope, but the recording speed and
imaging duration are significantly improved [116].

One problem in LSM is the spatial constraints imposed by the
two orthogonally arranged objectives—it is difficult to position
the light sheet within 10 μm from the sample surface [106],
making selective illumination of typical mammalian cell nuclei
challenging. To overcome this limitation, reflected light sheet
microscopy (RLSM) [106] and single-objective LSM [117] have
been developed, which use a 45°micromirror or an atomic force
microscopy cantilever to turn the vertical light sheet into the
horizontal light sheet (Fig. 1(c)). Using RLSM, Xie’s group
has tracked individual transcription factor GR (glucocorticoid
receptor) in MCF-7 cells and observed their binding to DNA in
nuclei [106].

The superior optical sectioning capabilities of TIRM, HILO
and advanced LSM make them ideal for 2D single-molecule
imaging and tracking. However, without a z-scan these tools
cannot provide information about the molecule’s axial move-
ment. Considering that most intracellular and some membrane-
bound motions are inherently three dimensional [118], a true
3D SMT technique is highly desired.

One way to achieve 3D SMT is through multifocal plane
imaging [42], [119]–[122]. Recently, a multifocus microscopy
(MFM) that can produce an instant focal stack of nine images
on a single camera has been reported [123]. In this scheme, a
specially designed diffractive grating splits and shifts the focus
of the sample emission light to form an instant focal series. Due
to its fast 3D imaging capability, MFM has been used to study
transcription dynamics [6], [13], gene editing [124] and other
cell biology processes [125], [126].

An alternative approach is to encode molecule’s z position in
the microscope’s 2D image. This can be done by an approach
termed point-spread-function engineering (PSF engineering),
where the PSF of the microscope is modified by using addi-
tional optical components (cylindrical lens, prism, spatial light
modulator) in the detection path. After modification, the PSF is
no longer symmetrical with respect to the focal plane [127] and
the molecule’s z position can be discerned from the asymmetric
PSF with a position uncertainty even smaller than the diffraction
limit of light [43].

There also exist other methods to resolve the molecule’s z
movement, including defocusing [128], [129] and interferome-
try [130]. As these approaches have limited applications in SMT
inside live cells, they are not discussed in this review.

Astigmatism imaging is the simplest and perhaps the earliest
example of PSF engineering for 3D SMT [77]. It is easy to
implement and the working principle is applicable to various
types of microscopy (e.g., wide-field microscopy [119], [131],
LSM [70], [132], and temporal focusing multiphoton excitation

Fig. 2. Point-spread-function engineering without spatial light modulator. (a)
Astigmatism imaging: a cylindrical lens is inserted into the imaging path to
render the image of each molecule elliptical. The ellipticity and orientation of
a fluorophore’s image varied as its position changed in z. From [43]. Reprinted
with permission from AAAS (b) 3D tracking using a prism: when the fluores-
cent molecule moves upward, the two beams of light split by the prism move
symmetrically in opposite directions on the image. Reprinted by permission
from Macmillan Publishers Ltd: Nature Structural and Molecular Biology [78],
copyright 2008.

microscopy [133]). In astigmatism imaging, a weak cylindrical
lens (another option is deformable mirror [134]) is inserted in
the detection path, creating two slightly offset focal planes for
the x and y directions in Fig. 2(a) [43]. As a result, images
of fluorescent molecules are circular in the average focal plane
(approximately halfway between the x and y focal planes) but
ellipsoidal below or above the average focal plane. The cen-
troid and ellipticity of the image are then used to determine
the lateral (x and y) and axial (z) coordinates of the molecule
respectively [135].

Another simple method to encode the z position in the fluores-
cent image is to place a wedge prism at the back focal plane of
the objective (Fig. 2(b)) [78]. The fluorescence collected by the
objective is split in two beams by the prism. The left half-beam
(filled purple) passes through the center of the lens, whereas
the right half-beam (filled red) refracted by the prism passes
below the center. Thus molecule’s z movement is converted to
x movement at the image plane, where molecule’s z position is
reported by the x-separation of the two split images.

Comparing to cylindrical lens and prism, spatial light modu-
lators (SLM) provide much more flexibility in PSF engineering
and more control over the optical aberration which affects lo-
calization accuracy. A SLM is a liquid crystal based device that
can modulate the phase, amplitude, or polarization of incident
light as needed, but in SMT typically a phase-only SLM is used.
Examples of PSF engineering using SLM for 3D SMT include
double-helix PSF (DH-PSF) [79], [80], tetrapod PSF [81], self-
bending PSF (SB-PSF) [82], corkscrew PSF [136], and bisected
pupil PSF [137]. Due to their intrinsic similarity, only the first
two techniques are discussed below.

The DH-PSF imaging system consists of a conventional in-
verted microscope and a 4f optical signal processing system
as shown in Fig. 3(c). Specifically, the objective lens and tube
lens form an image of the sample at an intermediate plane. The
lens L1 placed at a distance f from this intermediate plane pro-
duces the Fourier transform of the image at a distance f behind
the lens. The Fourier transform is then phased-modulated by



6804013 IEEE JOURNAL OF SELECTED TOPICS IN QUANTUM ELECTRONICS, VOL. 22, NO. 4, JULY/AUGUST 2016

Fig. 3. Point-spread-function engineering with a spatial light modulator
(SLM). (a) Images of a fluorescent bead at various axial positions in double-
helix PSF imaging. Reprinted by permission from PNAS [44]. (b) Images of a
fluorescent bead at various axial positions in tetrapod PSF imaging. (c) Optical
path of the single-molecule double-helix or tetrapod PSF setup. Modified from
PNAS [44].

reflection from the LSM, and Fourier-transformed again by a
second lens L2 (at a distance f to the SLM) onto the EMCCD to
restore a real-space image [138]. As a consequence, a fluores-
cent molecule appears at the image plane as two lobs, and the
two lobs have a unique orientation depending on the z-position
of the molecule (Fig. 3(a)). The xy position of the molecule is
estimated from the midpoint of the line connecting the two lobs,
and z position is estimated from the angular orientation of the
two lobs. Noticing that the failure to account for the molecule’s
transition dipole orientation can lead to significant lateral mis-
localizations (up to 50–200 nm), the relative intensity of the two
lobs is used as an additional parameter to determine the orien-
tation of single-molecule emitter, which in turn can be utilized
to correct the lateral localization [139].

In DH-PSF imaging, the depth over which one can deter-
mine the position of the molecules is only about 2 μm, posing
a major limitation for applications requiring deep imaging and
large-axial-range tracking. This limitation can be overcome by
a tetrapod PSF design (Fig. 3(b)) which shares the same op-
tical implementation with DH-PSF but provides an applicable
z-range up to 20 μm. However, as PSF becomes more complex,
the molecules in each image will need to be separated by greater
distance for individual spots to be identified. Notably, Moerner’s
group has demonstrated a general method for PSF design that
produces information-maximal PSF subject to system condi-
tions (SBR, magnification and pixel size) [140]. Tetrapod PSF
is just one solution to the optimization problem formulated in
this work.

While engineered PSFs enable direct 3D tracking in the non-
feedback systems, these 3rd generation tracking techniques re-
quire sophisticated calibration to accommodate factors that can
distort the fluorescence images, such as emitter orientation, stage
drift, the variation of localization accuracy across the field of
view, and spherical aberration [79], [82], [139], [141]. It is
this complication, as well as the difficulty in implementation
(especially the phase modulation of fluorescence wavefront),
that prevents the widespread use of the 3rd generation track-
ing methods at this moment. In fact, the conventional epi-
fluorescence microscopy [142], [143], TIRM [36], [37], HILO
[144] and LSM [102], [106] are the dominant techniques today
to investigate the 3D cellular processes at the single-molecule
level.

Fig. 4. Circularly scanning laser tracking (a) Lateral position sensing. The
excitation laser scans circularly around the molecule. If the molecule is right
at the center of the scanning circle, the fluorescence intensity remains constant
during a scanning cycle (upper inset). If the molecule deviates a little from the
center, the fluorescence intensity will exhibit modulation (lower inset). (b) Axial
position sensing. Two laser beams rotating at the same frequency are focused at
different depths inside the sample.

III. FEEDBACK SMT

Feedback tracking systems have three major advantages over
the non-feedback systems. First, the axial tracking range is no
longer limited by the imaging depth of the objective (typically
±1 μm), but rather by the travel range of piezo stage (±50 μm).
Second, there is no need for complicated PSF calibration as
required in some 3rd generation tracking methods. Third, fluo-
rescence lifetime of the tracer can be monitored simultaneously
with its 3D position—thanks to the single-photon-counting de-
tectors and TCSPC analysis.

One of the first 3D feedback SMT designs is the circularly
scanning laser tracking (orbital tracking). To illustrate its work-
ing principle, here we assume that the molecule moves in a
2D plane. In this scheme, the laser beam is circularly scanning
(enabled by acousto-optic modulators [64] or resonant beam
deflectors [90]) at the frequency ωxy . When the molecule is
right at the center of the scanning circle (Fig. 4(a)), there’s no
signal intensity fluctuation during a scanning cycle. However,
when the molecule deviates from the center, a sinusoidal vari-
ation of the signal over time can be observed. Therefore the
molecule’s lateral position can be derived from the magnitude
and phase of this sinusoidal fluorescence signal [86]. To obtain
the molecule’s axial position in 3D tracking, two laser beams
are required. They rotate at the same frequency ωxy and are fo-
cused at different depths (separated by∼1 μm) inside the sample
(Fig. 4(b)). More importantly, the optical powers in the beams
are modulated 180° out-of-phase at the frequency ωz (Fig. 4(b)),
thus allowing the molecule’s axial position to be encoded in the
ωz frequency component of the fluorescence signal. Once the
molecule’s 3D position is determined, a piezo stage is used to
bring the molecule back to the center of scanning circle. Thus
the stage position represent the single-molecule position over
time.

The orbital tracking scheme works only when molecular mo-
tion is substantially small during each position estimation cycle
(i.e. feedback bandwidth). To acquire the fast dynamic informa-
tion (i.e. diffusion coefficient) of the molecule whose motion is
comparable to the system bandwidth, fluorescence correlation
analysis similar to the fluorescence correlation spectroscopy
(FCS) can be performed [90]. However, the combination of SMT
and FCS does not increase physical bandwidth, and the theory
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Fig. 5. (a) Confocal 3D tracking developed by Yang’s group [148]. Part of
the emission light collected by the objective lens is focused onto a pinhole. The
intensity throughput provides a measure of molecular z position. To detect the
molecular lateral position, the image of the molecule is projected onto the ridges
of two orthogonal placed prism mirrors. Modified from [148]. (b) Confocal 3D
tracking developed by Werner’s group [83]. Two pairs of optical fibers are
orthogonally installed. Each fiber is connected to an avalanche photodiode.
The input face of each fiber serves as a pinhole, have a corresponding detection
volume in the sample space (colored balls). One pair of fibers is axially separated
from the other pair, so that the four detection volumes form a tetrahedron in the
sample space. Modified from [83].

can only be applied to molecules undergoing isotropic Brown-
ian diffusion. In other words, molecular motions such as active
transport and sub-diffusion [145] are not accounted for using
this hybrid analysis. Mabuchi’s group has described a model of
tracking error as a function of photon shot noise and molecule’s
diffusion coefficient [91], [146]. But again this model is only ap-
plicable to the free diffusion case. The original 3D orbital track-
ing system built by Gratton’s group actually employed a two-
photon excitation source, which gives a higher SBR and sup-
presses the out-of-focus photobleaching [88], [89]. Recently his
group replaced the objective piezo with an electrically tunable
lens, which provides not only a much longer axial tracking range
(500 μm) but also a shorter step response time (2.5 ms) [147].

In the orbital tracking approach, the molecular position is en-
coded by modulating the spatial distribution of laser intensity,
which takes place in the sample space. One can also encode
the molecular position in the image space. This idea was first
proposed by Howard C. Berg and implemented for tracking bac-
terial (scattering signal is detected) in 1971 [46]. But it wasn’t
until three decades later that tracking fluorescent nanoparticles
or molecules became possible with this scheme, achieved sep-
arately by Yang’s group [92], [148] and Werner’s group [84],
[85]. Their approaches are denoted as 3D confocal tracking here,
since both of them utilized the spatial filtering effect typically
seen in the confocal detection. In Yang’s approach, a pinhole is
placed at the focus of the tube lens, but slightly offset axially
(Fig. 5(a) left). The fluorescence intensity through the pinhole
will change as the molecule moves axially, thereby providing
the z-position information. To detect the molecule’s lateral po-
sition, the fluorescence emission is projected onto the ridges of
two orthogonal prism mirrors, which split the signal to the two
single-photon detectors (Fig. 5(a) right). When the molecule
is centered, the detectors receive the same amount of photons.
When the molecule moves laterally, the photon count difference
between the detectors (normalized by the total photon count,
termed error signals) will vary accordingly. The signals from
the five detectors (one for z-position, two for x- and two for

y-position) are fed to the controller, which sends a command to
the xyz piezo-stage to bring the molecule back to the laser fo-
cus center for tracking. By combining the confocal tracking with
the two-photon scanning microscopy, Yang’s group has recently
monitored cellular uptake of peptide-coated nanoparticles with
a wide range of spatial and temporal resolutions [61].

Instead of using five detectors to achieve 3D confocal track-
ing, Werner’s group used only four detectors. In Werner’s ap-
proach (Fig. 5(b)), the emission is split into two beams, and each
beam is focused onto the center of a custom-made fiber bundle
that consists of two multimode optical fibers. Each fiber serves
as a spatial filter for the APD (avalanche photodiode) connected
to it. The two fiber bundles are orthogonally orientated and ax-
ially offset. The resulting detection volumes form a tetrahedral
geometry in the sample space (Fig. 5(b) inset). A fluorescent
molecule right in the center of the detection tetrahedron would
give equal photon counts in the four detectors, but any displace-
ment from the center would lead to asymmetric photon count
distribution. This asymmetry, known as error signal, forms the
basis for a feedback loop that drives the xyz piezo-stage to repo-
sition the molecule to the center of the detection tetrahedron.
Taking advantage of the single-photon detectors, Werner’s group
has demonstrated lifetime measurement [60], photon-pair corre-
lation analysis (i.e. antibunching) [63] and time-gated detection
[149] (beneficial for SMT in high background environment, e.g.,
inside a cell) together with 3D SMT, which are not possible with
camera-based tracking.

Confocal tracking has two advantages over orbital tracking.
First, confocal tracking has a better SBR since the laser beam is
locked directly on the molecule for tracking, rather than having
a small offset from the molecule. Second, confocal tracking can
achieve a higher temporal resolution because it does not require
laser scanning to build up an intensity time trace for position esti-
mation. Confocal tracking typically requires 4-5 single-photon
counting devices to track single molecules in the 3D space.
Recently our group demonstrated a 3D tracking microscope,
termed TSUNAMI (Tracking of Single particles Using Non-
linear And Multiplexed Illumination), that only requires one
PMT to achieve 3D SMT [62], [94]. The approach is based on
passive pulse splitters used for nonlinear microscopy to achieve
spatiotemporally multiplexed two-photon excitation and tempo-
rally demultiplexed detection to discern the 3D position of the
molecule. In TSUNAMI, multiplexed illumination is realized by
splitting the pulsed laser from a 76 MHz Ti-sapphire oscillator
into four beams, with each beam delayed by 3.3 ns (one fourth
of the laser repetition period) relative to its preceding one (Fig
6(a)). These beams are focused through a high N.A. objective
at slightly offset xyz positions. The four resulting two-photon
excitation volumes are arranged in a tetrahedral geometry, in a
way similar to the detection volume arrangement in Werner’s
3D confocal tracking system. In our case, the four excitation
volumes receive laser pulses at different time frames. With TC-
SPC analysis, each detected photon is assigned to a 3.3 ns–wide
time gate (G1-G4 in the fluorescence decay histogram (Figs.
6(b) and (c)), and thus can be attributed to a specific excitation
volume. When the molecule sits right at the center of the excita-
tion tetrahedron, the photon counts are approximately equal in
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Fig. 6. Illustration of spatiotemporally multiplexed two-photon excitation and
temporally demultiplexed detection (a) 76 MHz pulsed laser from a Ti-sapphire
oscillator is split into 4 beams, with each beam delayed by 3.3 ns relative to the
preceding one. (b) Using a TCSPC acquisition card, each detected photon can
be assigned to a specific time gate (G1∼G4), leading to 4 fluorescence decay
curves. The relative photon counts in each time gate (i.e. the area underneath the
decay curve) can be used to infer the particle’s 3D position. When the tracked
particle is right at the center of the tetrahedron, photon counts in all time gates are
about equal. The gold sphere in the excitation tetrahedron schematic represents
the tracked particle. (c) When the particle moves away from the tetrahedron
center, the photons counts in each time gate decrease or increase accordingly.

all four time gates. Any xyz displacement of the molecule from
the center can be estimated via the normalized photon count
difference in the four time gates (i.e. error signal). A closed
feedback loop then drives the galvo mirrors and the objective
z-piezo stage to lock the excitation tetrahedron on the molecule
for tracking.

A two-photon microscope by nature, TSUNAMI enables mul-
ticolor imaging and imaging depth that cannot be achieved by the
traditional one-photon feedback SMT microscopes. Our group
has demonstrated 3D tracking of epidermal growth factor recep-
tor complexes at a depth of ∼100 μm in live tumor spheroids
[62]. At shallow depth, TSUNAMI has localization accuracy as
good as 35 nm, and temporal resolution down to 50 μs (with
bright fluorophores).

Despite the simplicity in implementation, it is worth noting
that the error signal analysis used in the original TSUNAMI
and confocal tracking microscopes is not optimal for molecular
position estimation. Our recent work [93] demonstrated that a
maximum likelihood estimator (MLE) (originally developed by
Hell and Eggling for their non-feedback 2D confocal tracking
microscope [150], [151]) can provide a much better axial posi-
tion estimate without sacrificing lateral localization accuracy or
temporal resolution. This MLE will be further discussed in the
next section.

Orbital tracking, confocal tracking, and TSUNAMI micro-
scopes are superior to the camera-based tracking systems in
probing the fast dynamics of a single emitter. However, it can
be equally important to find out how the single-molecule mo-

tion fits into the context of the entire biological system. This
lack of contextual information (e.g., cellular microdomains or
neighboring molecules) poses the risk of misinterpreting the
molecular behavior. Motivated by these concerns, Bewersdorf’s
group has developed a hybrid system that combines camera-
based biplane imaging with feedback SMT [45], [152]. In Be-
wersdorf’s design, fluorescence of the molecule is split and
separately collected in the two regions of an EMCCD, whose
conjugate planes in the sample space are axially offset by ∼750
nm. The fluorescence image acquired in either of these two re-
gions directly reports the molecule’s lateral position, whereas
the image difference in the two regions can be used to discern
the axial position. While using cameras for tracking could po-
tentially facilitate co-registration of molecular trajectories and
cellular images, camera-based tracking does not offer TCSPC
analysis. It should be noted that spinning disk microscopy [149]
and two-photon laser scanning microscopy [62] can easily be
integrated into the orbital/confocal/TSUNAMI tracking micro-
scopes to provide a view of slowly varying large-scale context
where the rapidly diffusing molecules reside.

IV. BIOMOLECULAR BINDING DETECTION

USING NON-FEEDBACK SMT

Biomolecular binding is one of the most fundamental pro-
cesses in living systems. It plays critical roles in all corners of
biology, such as DNA hybridization, membrane receptor sig-
naling, and transcriptional regulation. Traditionally, molecular
binding dynamics can be characterized by FRAP (fluorescence
recovery after photobleaching) [153], [154], FCS [155], [156]
and FCCS (fluorescence cross-correlation spectroscopy) [157]–
[160]. Although FRAP, FCS and FCCS can achieve submillisec-
ond temporal resolution in monitoring fast dynamic processes,
the requirement of time-averaging of multiple events makes
these traditional methods difficult in probing short-lived inter-
actions and obtaining statistical properties from a heterogeneous
sample [161]. On the other hand, with SMT, one can not only di-
rectly observe individual biomolecular binding events, but also
recover transient intermediates [17], quantify equilibrium as-
sociation and dissociation kinetics [34], [49], and characterize
static and dynamic disorder [2].

Despite the recent advances in 3D SMT techniques, non-
feedback 2D SMT (including wide-field, TIRF, and light sheet
microscopy) is still the dominant approach for biomolecular
binding detection at the single-molecule level. Instrument com-
plexity could be one reason, but 3D feedback SMT has several
more fundamental limitations. First, most 3D feedback SMT
(orbital tracking, confocal tracking and TSUNAMI) systems
track only one molecule at a time. To get sufficient tracking
data for meaningful statistical analysis, a long measurement
time is often required, indicating a low throughput at high cost.
On the other hand, 2D SMT is beneficial for tracking multiple
molecules simultaneously and probing interactions among
them. Second, compared to the non-feedback 2D SMT mi-
croscopes, feedback microscopes often have a lower available
photon budget (i.e. photon collection efficiency × total number
of photons emitted by the molecule before photobleaching),
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Fig. 7. Methods for biomolecular binding detection based on non-feedback
2D SMT microscopes. (a) Colocalization and codiffusion of binding partners.
The image sequence shows two diffusing FPR (N-formyl peptide receptor, a
class-A G-protein-coupled receptor) molecules and their trajectories. The two
molecules first became colocalized (form FPR dimers) then diffuse together.
Reprinted from [67]. (b) FRET Images of single YFP (donor) labeled small G-
protein Ras and BodipyTR (acceptor) labeled GTP undergoing FRET upon Ras-
GTP binding. Reprinted from [172]. (c) Localization enhancement. At 1000 ms,
individual lac repressors (a transcription factor) appear as diffusive background.
At 10 ms, they are visible as nearly diffraction-limited spots. The residence
time of lac repressor on DNA is determined by obtaining fluorescence images
at different exposure times. Reprinted from [4]. (D) Diffusion rate change.
Individual RNAP (RNA polymerase) molecules are categorized as DNA-bound
(example trajectories colored in red) or mobile (example trajectories colored in
blue) based on their apparent diffusion coefficients D∗calculated from mean-
squared-displacement (MSD) of their trajectories. The distribution of D∗ can
be fitted with two diffusing species (i.e. DNA-bound and mobile). Reprinted
from [173].

resulting in fewer molecular position estimates. This is due to
the fact that the confocal scheme used in the feedback systems
has a much lower photon collection efficiency (0.5%–1%) as
compared to that of the wide-field microscopy [162]. Although
TSUNAMI provides a better collection efficiency by employ-
ing the non-descanned, single-detector scheme, two-photon
excitation suffers from higher photobleaching rate as compared
to one-photon excitation at comparable fluorescence emission
rates [163], [164].

Four signatures of biomolecular binding events are usually
measured by 2D SMT: colocalization/codiffusion, Förster res-
onance energy transfer (FRET), localization enhancement, and
apparent diffusion rate change. Colocalization and codiffusion
are the most commonly used signatures for binding detection
at the single-molecule level [17], [34], [35], [165]–[167]. Using
the dynamic dimerization of GPCR (G-protein-coupled recep-
tor) [67] as an example (Fig. 7(a)): each GPCR monomer in
the plasma membrane can be labeled with a fluorescent dye

precisely at 1:1 ratio, and imaged as a bright spot on a TIRF mi-
croscope. Whether an observed spot represents a single GPCR
monomer or a homodimer can be determined from its signal
intensity level (or the number of bleaching steps [168]). In
the time-lapse sequence of images, the dimerization of GPCR
monomers would manifest itself as the colocalization and codif-
fusion of two monomer spots, whereas the splitting of one dimer
spot into two monomer spots signals the opposite process. To
detect the association of two different biomolecules, two-color
single-molecule imaging can be performed in a similar way
[16], [106], [169]–[171].

Since the molecular size is much smaller than the resolu-
tion (∼200 nm) of a TIRF microscope, incidental events where
molecules reside within 200 nm from each other (called inciden-
tal colocalizations) can be misinterpreted as molecular binding.
FRET, which occurs only when the donor and acceptor fall
within ∼10 nm from each other [166], can be used to differ-
entiate these two processes. As shown in Fig. 7(b), the binding
of YFP-labeled Ras (donor) and BiodipyTR-labeled GTP (ac-
ceptor) is detected as the appearance of an emission spot of
BiodipyTR-GTP colocalized with the YFP-Ras spot, and the
appearance of BiodipyTR spot correlates with reduced YFP
emission [172]. However, no FRET signal doesn’t necessarily
mean the absence of protein binding. The donor-acceptor pair
and the labeling sites have to be carefully chosen for any FRET-
based biomolecular binding studies.

The rest two signatures (localization enhancement and diffu-
sion rate change) arise from the fact that biomolecular binding is
usually accompanied by the slowdown of the molecule’s diffu-
sion. These signatures are often used in studying the association
of transcription factor (TF) or RNA polymerase (RNAP) with
chromatin DNA, where the TF/RNAP essentially becomes im-
mobile upon DNA binding. Localization enhancement describes
the phenomenon that when molecules are imaged with a cam-
era using a long exposure time, fluorescence from the unbound
molecules is collected over the entire field of view as these
unbound molecules diffuse rapidly. On the other hand, bound
molecules emit from a highly localized region, thus giving a
signal higher than the autofluorescence background over time
[4], [6]. By collecting fluorescence images at different exposure
times, the residence time of TF/RNAP on chromatin DNA can
be precisely determined (Fig. 7(c)). Compared with localiza-
tion enhancement, direct analysis of the molecule’s trajectory
(e.g., by mean-square-displacement calculation [174], cumu-
lative probability distribution calculation [175], [176], hidden
Markov modeling[177], and confinement analysis [178]) pro-
vides a more quantitative view of the molecular diffusion rate
[102], [173] and residence time [6], [179] (Fig. 7(D)), which
makes it suitable for studying binding processes that involves
multiple molecular species and diffusive states [180].

V. BIOMOLECULAR BINDING DETECTION

USING FEEDBACK SMT

As mentioned in Section III, feedback SMT microscopes are
superior to non-feedback ones in several aspects. In particu-
larly, the TSUNAMI microscope developed in our group is so
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Fig. 8. Simulated z trajectories and the tracking error distribution. The red
curves represent the estimated z trajectories while the black curves represent the
true z trajectories of the diffusive particle. Tracking errors are exaggerated by
8× for easy visualization and comparison. In this simulation [93], the diffusive
particle (D = 0.5 μm2/s) is tracked for 2 seconds with TSUNAMI microscope.
(a) There is persistent over-or under-estimation of z position within a time scale
of ∼100 ms, indicating that the z-tracking error is temporally correlated. (b) The
z-tracking error is white Gaussian tracking noise. It doesn’t have any temporal
correlation.

far the best choice for 3D biomolecular tracking in tissues, due
to its large penetration depth, high SBR and great spatiotem-
poral resolution. However, our recent work [93] found that the
current embodiment of TSUNAMI, as well as most other feed-
back tracking microscopes, has tracking error that is temporally
correlated, which leads to questionable results in biomolecular
binding kinetics measurements. In this section, we will elabo-
rate the importance of temporally uncorrelated tracking error,
and our approach to achieve that.

To observe the subtle change in diffusivity upon molecular
associations or disassociations, it is critical to obtain a highly ac-
curate molecule’s 3D trajectory. The tracking error is a measure
of the deviation of estimated molecular position from its true
position, and it shouldn’t be confused with the term “localiza-
tion accuracy” used by the super-resolution imaging community
[43], [181]–[184]. When studying the effects of tracking er-
ror on the molecular behavior interpretation, researchers often
model the tracking error as time-independent white Gaussian
noise [66], [174], [185]. While the white Gaussian noise model
greatly simplifies mathematical analysis of localization error,
the white Gaussian noise assumption may not be true in the
real tracking experiments. Indeed, we have noticed that many of
feedback tracking microscopes, including TSUNAMI, exhibit
notable correlation in their tracking error [45], [61], [84], [85],
[88], [146].

To illustrate the difference between white Gaussian error (WG
error) and temporally correlated error (TC error), we plot the
simulated z trajectories containing these two types of error in
Fig. 8 [93]. The estimated trajectory (red curve) containing WG
error (Fig. 8(b)) fluctuates rapidly over the true trajectory (black
curve), while the estimated trajectory containing TC error shows
persistent over- or under-estimation of the z position (Fig. 8(a))
within a time scale of ∼100 ms. To further quantify the degree

of temporal correlation, the autocorrelation function [186] and
power spectral density [187] of the tracking error are calculated
[93]. Note that TC error and WG error are not differentiable
from their histograms (Fig. 8), as both histograms show a nice
Gaussian profile with similar mean and standard deviation. This
is exactly why the temporal correlation property of tracking er-
ror has long been overlooked in the SMT community, as fitting
a Gaussian curve to the tracking error histogram has been the
only means to model the tracking error. Below we use DNA
hybridization and melting kinetics as a model system to demon-
strate that TC error can be detrimental for biomolecular binding
kinetics characterization.

In the model system, the transition between the hybridized
state (diffusion coefficient Dh= 0.15 μm2 /s) and the melted
state (Dm= 0.30 μm2 /s) is a memoryless process, with a rate
constant kon = 2.99×105 M−1s−1 for hybridization and a con-
stant koff = 0.7 s−1 for melting. The tracking duration is 1.5
s in our simulation, reflecting the photostability of a typical
fluorescent tag. A hidden Markov model is adopted to model
the random switch between the two diffusive states, and a 3D
variational Bayes method (vbSPT) [180] is used to estimate the
hybridization-melting kinetics (i.e. kon and koff ) from the 3D
trajectory data. Our simulations show that if the tracking error
is temporally correlated, the relative error of estimated kon and
koff can be as large as 29%; however, if the tracking errors are
white Gaussian, the relative error is within ±4%. In our previ-
ous work (the same model system) [93], we have also shown
that making the tracking error uncorrelated is as important as
reducing the amplitude of tracking error (i.e. increasing spatial
resolution).

The question then arises how tracking error can be decorre-
lated. Here is an intuitive thought: if the molecular position can
be better determined in each feedback cycle (e.g., through a more
sophisticated analysis algorithm of the fluorescence signal), then
consecutive over- or under- estimation of the molecular position
over time should be reduced. Based on this thought, we have em-
ployed a MLE to estimate the molecule’s 3D position, which can
be readily applied to TSUNAMI and confocal tracking micro-
scopes. The MLE algorithm takes the Poisson nature of photon
counting into consideration, and treats the molecular position
determination as a multivariate optimization problem (in con-
trast to the error signal analysis mentioned in Section III, where
the x, y, and z positions are determined one by one) so that a
global optimum can be reached. Our previous work [93] shows
that MLE not only greatly decorrelates the tracking error, but
also increases the z tracking accuracy of TSUNAMI microscope
by 1.7 fold. By virtue of MLE, highly accurate molecular bind-
ing kinetics characterization based purely on molecular motion
analysis has become possible.

Apart from molecular diffusivity, FRET signal is another sig-
nature of biomolecular binding that can be picked up by feed-
back SMT. FRET is particularly useful in the situation where
molecular binding does not induce a significant change in diffu-
sivity. Feedback SMT microscopes can easily perform lifetime-
based FRET measurement, which doesn’t require sophisticated
calibration as needed by intensity-based FRET measurement
used in non-feedback systems [188]. Since lifetime-based FRET
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experiments only require the donor to be fluorescent, a dark
quencher, instead of an organic dye, can be used as the acceptor.
The challenge involved is that the quenching efficiency has to
be carefully optimized. If the transfer efficiency is too high, the
molecule in bound state would be very dim, making molecular
tracking very difficult. On the other hand, if the efficiency is
too low, no significant lifetime change would be observed upon
molecular association/disassociation.

Here we have described five generations of the SMT mi-
croscopes. Currently there is no single solution that allows for
super-resolution tracking of thousands of molecules in real time
in live tissues. The next breakthroughs rely on advances in detec-
tor techniques, actuator techniques, objective techniques, laser
and optical design.
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